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CHAPTER 1 

INTRODUCTION 

 

1.1 Current energy economy 

Fossil fuels, including coal, petroleum and natural gas, are currently the world’s 

primary energy source, more than 80% of the world’s energy consumption came from 

fossil fuels (Mohr et al., 2015).  However, the rapid depletion of non-renewable fossil 

fuels demands the finding of renewable alternative fuel sources to meet world’s energy 

needs.  Fossil fuels can also cause irreparable damage to the environment; it is the largest 

source of greenhouse gas, carbon dioxide (CO2), emissions from human activities.  The 

high CO2 concentration in the atmosphere is thought to be one of the primary causes of 

global warming (Visser et al., 2016; Yan et al., 2016).  Cumulative historic CO2 

emissions have caused concentration of CO2 in the atmosphere to increase persistently in 

the past few decades, which has been linked to climate change (Chang et al., 2016; Haik 

et al., 2011).  As of August 2016, the global atmospheric CO2 concentration was 402.25 

parts per million (PPM) according to measurements made at the Mauna Loa Observatory, 

and this is significantly greater than the suggested upper safe limit of 350 ppm.  As a 

comparison, since the beginning of human civilization and before the industrial 

revolution of the 1700s, the CO2 concentration in the atmosphere has always maintained 

at 280 PPM (Hall et al., 1991).  During time of climate stability, Earth radiates as much 

energy into space as it absorbs from sunlight.  However, the increase in CO2 

concentration in the atmosphere reduces Earth’s energy radiation to space; this imbalance 
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in energy causes the Earth to warm.  High CO2 concentration and global warming has 

severer impacts on the environment, such as sea level rising, ocean becoming more acidic, 

mosquito migration and spreading diseases, glaciers melting, and extreme weather 

(Hansen et al., 2013).  Currently the atmospheric CO2 concentration is increasing at a rate 

of 2 ppm per year, while identifying a viable process to lower the concentration of 

atmospheric CO2 is important, the net future CO2 emissions must be reduced to avoid 

further negative impact to the global climate system.  To meet the global demand for 

energy while slowing the consumption of petroleum fuel, there is a growing interest in 

switching to biofuels as a sustainable form of energy.  Biofuel, also known as biodiesel, 

is typically generated by chemical reactions between lipids and alcohol.  A variety of 

lipid-rich feedstocks can be used to produce biodiesel, which include food or non-food 

crops, waste oils, and microalgae. 

1.2 First- and second-generation biofuels 

Biofuels are substitutes for petroleum fuels and can be used in existing diesel 

engines with relatively simple or no modifications (Aghbashlo and Demirbas, 2016).  

Despite technological advancements, adoption of biofuels is still very limited.  In 2013, 

only 0.8% of global primary energy consumption was provided by modern renewable 

biofuels (Milano et al., 2016).  

First-generation biofuels are produced from food crops.  The major problem 

associated with these biofuels is the food crops used to produce biodiesel divert crops 

away from the food market.  Currently, more than 95% of biodiesel are produced from 

edible vegetable oils, such as palm, soybean, rapeseed and sunflower oils (Gui et al., 
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2008).  First-generation biofuels are currently produced at commercial scale, with annual 

production of approximately 50 billion liters (Naik et al., 2010).  It has been estimated in 

the literature that 15% to 25% of the total food price increase are likely to be attributed to 

the increase in food crops grown for biofuel feedstocks (Sims et al., 2010).  Second-

generation biofuels were developed to overcome the shortcomings of first-generation 

biofuels. 

Second-generation biofuels are produced from sustainably generated non-food 

crops, such as grass, woodchips, stems, leaves, and food crop waste, where the land and 

the water used for biomass feedstock production does not compete with those used for 

food crops (Allen et al., 2016; Jambo et al., 2016).  Compared with first-generation 

biofuel, second-generation biofuels are generally more sustainable and environmentally 

friendly.  A considerable number of pilot and demonstration plants for second-generation 

biofuel have been set up in recent years, but as of 2015, only a few plants are in the early 

phases of commercial scale production (Unctad, 2016).  One of the major constraints on 

second-generation biofuel production is the difficulty in breaking down plant biomass 

and releasing carbohydrate polymers to be processed into fuels. 

1.3 Third-generation biofuel: microalgal biofuel 

Due to the limitations of the first- and second-generation biofuels, third 

generation biofuel derived from aquatic autotrophic organism, i.e. microalgae, has been 

focused on as sustainable energy feedstock.  Microalgae are cultured to act as feedstock 

for several reasons: (1) it is an entirely renewable non-food crop feedstock resource; (2) it 

has higher photosynthesis efficiency than that of conventional crops; (3) it has the ability 
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to be grown using wide variety of water sources (fresh water, seawater, or wastewater); 

(4) it has the potential to be carbon neutral, because CO2 released by the combustion of 

microalgal biofuel is offset by CO2 consumed by microalgae during the photosynthesis; 

(5) microalgae based biofuels can be manufactured into a wide range of fuels such as 

diesel, petroleum, and jet fuel (Carter, 2012; Ranjith Kumar et al., 2015). 

All known species of microalgae, with the exception of botryococcus braunii, 

produce lipids inside their cells (Tasić et al., 2016).  The production of microalgal based 

biofuel remains mostly confined to the laboratory scale because of the high cost of 

microalgal biomass cultivation and microalgal lipid extraction.  Microalgal lipid 

extraction is especially problematic because most high lipid producing microalgae are 

protected by tough cell walls with high elasticity modulus that require energy intensive 

disruption techniques to rapture.  Microalgae possess complex composite cell walls made 

of a diverse array of fibrillar polysaccharide and matrix proteins that form proteoglycan 

(Domozych et al., 2012; Dragone et al., 2010).  Wet microalgal biomass also retains 

interstitial water, which acts as a lubricant (Munir et al., 2013).  A common species of 

green algae with average cell diameter of 16 μm, chlamydomonas eugametos, require a 

cell wall breaking pressure of 1396 psi (9.6 MPa).  High lipid producing microalgal 

species have cell diameter ranging from 3 to 6 μm, which would require significantly 

higher pressure to break the cell walls (Carpita, 1985). 

1.4 Objectives 

There are two primary objectives for the current study.  First is to design and 

develop a microalgal lipid extraction technique that can efficiently extract lipids from 
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dilute microalgal suspensions.  It was also a goal to perform the extraction procedure at 

room temperature and standard atmospheric pressure, using environmentally friendly 

chemicals while producing reasonable yield.  This goal was achieved by optimizing both 

microalgal cell wall disruption and microalgal lipid extraction.  The second primary 

objective is to develop a microalgal harvesting method that can efficiently harvest 

microalgae and more important allow for the reuse of culture medium for new biomass 

growth. 

1.5 Organization 

The first chapter provides an introduction to using biofuel as an alternative to 

fossil fuel.  Chapter 2 contains a literature review on current techniques in microalgal 

biomass harvesting, microalgal biomass drying and microalgal lipid extraction.  This 

shows the relevance of the work covered in this dissertation and identifies areas in current 

techniques in need of improvements.  Chapter 3 describes the methodology used in this 

study.  The instruments and methods are described in detail to permit others to replicate 

the experiments.  The concepts behind the methods used to disrupt the microalgal cell 

wall and microalgal lipid extraction is introduced.  Chapter 4 introduces harvest of 

freshwater microalgae Nannochloropsis sp. using organic solvent by tuning the cell 

surface hydrophobicity with low pH and the reuse of the culture medium.  Chapter 5 

presents the optimization of the microalgal lipid extraction technique.  The effects of 

sodium dodecyl sulfate, suspension pH, and extraction time on yields were studied.  The 

optimized conditions were chosen and the FAME yield compositions were investigated 

and compared to that from the Bligh and Dyer method.  Chapter 6 provides a brief energy 

analysis of the harvesting and lipid extraction methods.  Chapter 7 provides 
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recommendation for future development and improvement of the wet microalgal lipid 

extraction technique. 
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CHAPTER 2 

LITERATURE REVIEW 

 

2.1 Microalgae based biodiesel overview 

Algae are a large and diverse group of eukaryotic organisms, which use sunlight, 

water, nutrients and CO2 to create biomass (Packer, 2009).  Algae can be divided into two 

classifications: macroalgae and microalgae.  Macroalgae or seaweed are large 

multicellular algae that can reach sizes up to 60 meters in length.  Microalgae are tiny 

unicellular algae with cell size ranging from a few micrometers to a few hundreds of 

micrometers.  Algal biomass contains three main components: proteins, carbohydrates 

and lipids.  The biodiversity of algae is enormous and the chemical composition varies 

between species.  Macroalgae usually contain proportionally very little lipids, while 

microalgae can accumulate large amounts of lipids (Suganya et al., 2016). 

Algae were initially investigated, in the 1950s, as an alternative protein source in 

anticipation of increasing world population and insufficient future protein supply (Becker, 

2007).  Due to the dwindling petroleum reserves and increasing pollutant emissions, the 

need for developing a clean and renewable non-food crop based biofuel feedstock has 

drawn extensive research interest.  Microalgae were later researched for CO2 fixation and 

production of biodiesel.  Microalgae based biodiesel is believed to have the potential to 

be a good source for biofuel production (Suganya et al., 2016).  Biodiesel refers to diesel 

fuel made through a chemical process which converts lipids of natural resource into a 
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mixture of mono alkyl esters of long chain fatty acids (Lourinho and Brito, 2014).  

Biodiesel is usually produced from oleaginous crops such as canola, soybean, rapeseed, 

sunflower and palm.  Currently in the U.S., soybean oil is the largest biodiesel feedstock.  

Prices for all commodities tend to go up as competition for the use of soybean feedstock 

and the competition with other food crops for land and water intensifies.  The 

competition with other uses cause the price of biodiesel to spike, which in turn hurts the 

profitability of crop based biofuel (Xue et al., 2012). 

Algae are the most efficient biological producer of oil on the planet, they are also 

responsible for over 50% of primary photosynthetic productivity on earth.  Table 2.1 lists 

examples of potential biodiesel feedstocks.  It can be seen that oil production of 

microalgae can reach hundreds of times higher than the oil yield of other biodiesel 

feedstocks.   

Many species of microalgae have high lipid contents, under optimal growing 

conditions, lipid contents can accumulate to reach up to 77% of their dry weight (Kim et 

al., 2013).  Table 2.2 presents examples of the lipid content of some species of 

microalgae.  Lipid contents varies significantly between species, therefore, selecting a 

microalgae species containing high lipid content is essential for developing an 

appropriate downstream process for biodiesel production. 
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Table 2.1 List of biodiesel feedstocks (Atabani et al., 2013; Gui et al., 2008; Karmakar et 

al., 2010). 

 

 

  

Biodiesel feedstock Oil content (%) 
Oil yield 

(L/ha/year) 

Corn 48 172 

Soybean 15-20 446 

Olive oil 45-70 1212 

Peanut oil 45-55 1059 

Coconut 63-65 2689 

Tung 35-40 940 

Rapeseed 38-46 1190 

Palm 25-35 952 

Sunflower 30-60 5950 

Low oil content microalgae 30 58700 

High oil content microalgae 70 136900 
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Table 2.2 Lipid content of various microalgal species (Chisti, 2007; Crowe et al., 2012). 

Microalgal species Lipid content (% dry weight) 

Scenedesmus obliquus 11–22 

Scenedesmus dimorphus 16–40 

Chlorella vulgaris 14-22 

Chlorella emersonii 63 

Chlorella protothecoides 23 

Chlorella sorokiana 22 

Chlorella minutissima 57 

Dunaliella bioculata 8 

Dunaliella salina 14-20 

Neochloris oleoabundans 35-65 

Spirulina maxima 4-9 

Botryococcus braunii 25-75 

Schizochytrium sp. 50-77 

Nannochloropsis salina 15-25 
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The photosynthetic efficiency of microalgae is higher than that of many 

oleaginous crops, microalgae can convert approximately 3% to 8% of solar energy into 

biomass while typical oleaginous crops can convert 0.5% (Lardon et al., 2009).  This 

enhanced conversion rate of solar energy leads to a high growth rate under low 

population density and low species competition conditions than that of oleaginous crops 

(Johnson and Wen, 2009).  For some species of microalgae, it is possible for their 

biomass to double within 24 hours and the doubling time during the exponential growth 

stage can be as short as 3.5 hours (Mahmoud et al., 2015).  In addition to rapid biomass 

productivity, the cultivation of microalgae do not require arable land for growth and have 

the ability to grow in variety of water sources, such as saline, seawater, brackish or 

wastewater (Dassey and Theegala, 2013). 

Microalgal biomass is typically processed in a series of steps; Figure 2.1 depicts a 

schematic drawing of the operations involved in the overall production process of 

biodiesel from microalgae.  The upstream processes mainly involve the selection of a 

robust algal strain with desired properties and the design of an industrial scale cultivation 

method to maintain the culture conditions at optimum levels.  After microalgae cultures 

have reached a stagnant growth rate, the dilute microalgal suspension is concentrated into 

slurry by harvesting.  For conventional microalgal lipid extraction methods to be efficient, 

microalgal biomass must be concentrated to a predetermined moisture concentration.  

The harvesting technique used is based on microalgae strain, density and size, which 

typically results in a wet paste with dry microalgal biomass ranging from 5-15% 

(Brennan and Owende, 2010).  Depending on the subsequent lipid extraction method 

used, algae slurry may require dewatering to further concentrate the algal slurry.  The 
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microalgal lipid extraction process is typically a combination of cell wall disruption and 

organic solvent extraction, where cell wall disruption methods are employed to rupture 

the algal cell walls and allow solvents to contact intracellular algal lipid for extraction.  

After lipid extraction, organic solvents are typically evaporated before lipids can be 

further processed.  The untreated microalgal oil is too viscous to be used in diesel engine.  

It has been reported that the use of untreated vegetable oil causes poor fuel atomization, 

incomplete fuel combustion and carbon deposition on fuel injectors, resulting in 

shortened engine life (Sadhik Basha and Anand, 2014).  Unsaturated triglyceride, a main 

chemical component of vegetable oil, is particularly problematic.  The double bonds in 

the unsaturated triglyceride can cross-link and irreversibly polymerizes into a plastic-like 

solid, resulting in engine failure (Misra and Murthy, 2010).  Therefore, microalgal lipids 

are usually transesterified, the resulting biodiesel fuel does not have similar negative 

effects on diesel engine.  The transesterification reaction between triglyceride and alcohol 

is depicted in Figure 2.2.  This reaction is usually catalyze by sodium hydroxide (NaOH), 

which produces biodiesel, fatty acid methyl esters, and a byproduct, glycerol (Brennan 

and Owende, 2010). 

 

 

   Upstream               Downstream 

Figure 2.1 Process involved in microalgal based biodiesel production. 
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 Triglyceride    +     Methanol            Glycerol   +   Fatty Acid Methyl Esters 

Figure 2.2 Transesterification of triglyceride (Rawat et al., 2011). 

 

2.2 Harvesting techniques 

Microalgal cultures have high water content, which must typically be removed to 

enable further processing.  Microalgal harvesting is the conversion of dilute microalgae 

suspension into a thick paste by separating microalgae biomass from water.  High water 

content inhibits the extraction of lipids from microalgal biomass, and also negatively 

affects the effectiveness of the transesterification of triglycerides after extraction (Ferrell 

and Sarisky-Reed, 2010; Liu et al., 2006).   

The cultivation of microalgae typically results in dilute suspension with 

microalgal biomass density between 0.1 - 2 g/L, although density ranging from 40 – 116 

g/L can be achieved depending on the cultivation system used (Brennan and Owende, 

2010; Wiley et al., 2011).  Most of the commercial cultivation of microalgae is carried 

out in unsophisticated open pond systems, which typically produce microalgae culture 

containing only 0.05 - 0.2% dry mass, and therefore poses considerable challenges in the 
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efficiency of downstream processes and economics of microalgal biodiesel productions 

(Slade and Bauen, 2013).  

Harvesting and dewatering microalgal culture is considered a major bottleneck for 

commercialization of microalgae based biodiesel production.  The difficulty in 

microalgal biomass harvesting and dewatering is due to the highly dilute culture with 

extremely small size and biomass density similar to that of water (Uduman et al., 2010b).  

Furthermore, microalgae cell surface are negatively charged because of the deprotonation 

of carboxyl, phosphoryl, and hydroxyl functional groups associated with cell membrane 

surface at neutral pH of water (Bakatula et al., 2014).  The negative surface charge causes 

electrostatic repulsion between microalgal cells, results in the stability of microalgae 

suspended in a dispersed state and prevents biomass precipitation (Amaro et al., 2011). 

Currently there is no single superior method for algae harvesting.  Several 

techniques have been developed which include centrifugation, sedimentation, filtration, 

flocculation, and floatation techniques.  Due to the huge volume of water needed to be 

removed, it has been suggested that harvesting accounts for 20-30% of total microalgal 

biodiesel production cost (Rawat et al., 2011).  High water concentration in harvested 

microalgae biomass can negative influence the efficiency and economics of the processes 

further downstream (Danquah et al., 2009; Molina Grima et al., 2003).  The selection of a 

suitable harvesting technique depends on microalgal species, growth medium, biomass 

density, and the value of the desired products.  An ideal harvesting technique should have 

low energy input, yield product with a high biomass concentration, require minimum 

initial investment in specialized apparatus and have low operation and maintenance cost 

(Barros et al., 2015).   
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The most common methods for microalgal harvesting are centrifugation, gravity 

sedimentation, filtration, flocculation, electrolytic process, flotation, and magnetic 

process.  Each microalgal harvesting technique has distinct advantages and disadvantages.  

It is also important to note that many research studies are using different algal harvesting 

techniques in conjunction with each other to increase efficiency and improve harvesting 

method feasibility.  It has been suggested that some harvesting techniques have limited 

evidence of technical or economic viability (Brennan and Owende, 2010). 

2.2.1 Centrifugation 

Centrifugation uses centripetal acceleration to rotate cell bodies away from the 

center of rotation resulting in the increase of biomass settling rate.  Almost all microalgal 

species can be separated reliably and without difficulty by centrifugation.  Microalgae 

harvesting by continuous flow centrifuge systems can be very efficient when performed 

at slow flow rate.  In laboratory centrifugation experiments, 94% of microalgal biomass 

can be removed from dilute culture with an incoming flow rate of 0.94 L/min.  However, 

it is very energy intensive to achieve high efficiencies (Dassey and Theegala, 2013).  

Centrifugation as a primary dewatering method is generally only feasible for high value 

products, it is too costly to be considered for commercial harvesting process for a low-

value products, such as microalgal biofuel for biodiesel production (Molina Grima et al., 

2003). 

2.2.2 Gravity sedimentation 

Sedimentation is using gravitational force to allow suspended microalgal biomass 

to settle.  Sedimentation is a simple and inexpensive process, but it is not widely used in 



16 
 

industry since it requires long processing time and large volume of space.  The rate of 

sedimentation is based on the microalgal cell size, culture temperature, cell age, light 

intensity and the difference in density between the cells and culture (Al Hattab et al., 

2015; Danquah et al., 2009; Milledge and Heaven, 2013).  Limited literature on 

microalgae harvesting by sedimentation without the addition of flocculants or coagulants 

has been reported; it has been suggested that sedimentation can concentrate microalgae 

suspensions to 3% of dry weight and recover 60-65% of the biomass, but its reliability is 

low (Show et al., 2013) and may cause changes to the lipid composition of the covered 

biomass (Salim et al., 2011). 

2.2.3 Filtration 

Filtration is carried out by forcing microalgal suspensions across a membrane 

filter to separate microalgal cells from water.  Different strains of microalgae can be 

harvested by varying the pore size of the filter medium based on the cell size; therefore, 

filtration can efficiently harvest microalgae cells of very small size.  The filter medium 

has high resistance to fluid flow; a pressure drop must be maintained across the filter to 

force microalgal suspension to flow through the medium.  Depending upon the pressure 

drop requirement, the driving force can be provided by gravity, vacuum or pressure 

(Voutchkov, 2010).  The energy input required to force microalgal suspension through 

the membrane filter increases as the filter pore size decreases (Al Hattab et al., 2015).  

Microalgae can cause significant fouling to filter membranes; microalgal cells form a 

cake on the membrane filter and can release extracellular organic matter that cause 

linkages between cells, which reduces flow rates and separation efficiency (Babel and 

Takizawa, 2010).  Industrial scale microalgae harvesting is limited by the membrane 
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fouling phenomena, which requires costly constant cleaning and periodic replacement of 

the membrane filter (Ríos et al., 2012; Rossignol et al., 1999).   

2.2.4 Flocculation/Coagulation 

Microalgae carry a negative surface charge that prevents the natural self-

aggregation of suspended cells, which is an important property for microalgae growth 

(Milledge and Heaven, 2013).  Flocculation is based on the addition of chemicals or 

changing the medium to counter the negative cell surface charge, resulting in dispersed 

microalgae to aggregate into larger particles, resulting in enhanced separation rate 

(González-Fernández and Ballesteros, 2013).  Flocculation is routinely combined with 

flotation, filtration, and sedimentation to increase biomass recovery efficiency and 

shortens harvesting time, it can be applied to a wide range of algal species and process 

high volumes of algal culture (Barros et al., 2015; Salim et al., 2011). 

There are several types of flocculation techniques, mainly chemical flocculation 

auto-flocculation and bio-flocculation.  In chemical flocculation, the surface charge on 

microalgal cells is countered by increasing the suspension pH and adding chemicals, 

called flocculants, at a desired concentration to culture medium to speed cell aggregation 

(Gorin et al., 2015).  Chemicals that can induce flocculation can be broadly categorized 

into two groups, inorganic and organic flocculants.  Inorganic flocculants are usually 

multivalent metal salts based, such as aluminum sulfate and ferric sulfate.  Under optimal 

pH conditions, the metal salts dissociates and form metallic hydroxides, which can 

neutralize surface charge on microalgal cells (Chen et al., 2013).  The effectiveness of 

metal ions due to their electronegativity, flocculants with high electronegativity are more 
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effective and require less flocculation time (Barros et al., 2015).  Organic flocculants are 

synthetic or natural polymers that are usually cationic and have high molecular weight.  

Cationic flocculants work by charge neutralization and particle bridging; the extent of 

each is dependent on the charge density and chain length of the polymer.  Cationic 

polymers with low molecular weight either do not cause any flocculation or requires very 

high concentrations to be effective.  Anionic and non-ionic polymer have been shown to 

be ineffective in freshwater microalgae harvesting and less efficient than cationic 

polymers in marine microalgae harvesting (Tenney et al., 1969; Uduman et al., 2010a, 

2010b).  Flocculants can be expensive, toxic to microalgae and add chemicals that need 

to be removed from harvested biomass, which can complicate and add cost to subsequent 

downstream processing steps (Al Hattab et al., 2015).  Chemical flocculation is 

considered one of the most viable methods for commercial microalgae harvesting 

because it is reliable method that can handle various microalgae species and large volume 

of microalgal suspension. 

Bio-flocculation involves the addition of microorganisms, such as bacteria, fungi 

and flocculating microalgal species, as biological flocculation agents to microalgal 

culture for biomass recovery.  Microorganisms adhere to the microalgal cells causing the 

weight to increase and resulting in enhanced sedimentation rate.  Bio-flocculants are 

more environmentally friendly and economical than chemical flocculants.  However, 

microorganisms used to flocculate microalgae are species specific and cycling and  

recovery of these microorganisms from the supernatant, although possible, can be 

difficult (Barros et al., 2015; Gultom and Hu, 2013). 
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Auto-flocculation is the spontaneous aggregation of microalgal cells.  The culture 

pH level can be increased, by either adding NaOH or limiting CO2 supply, to induce auto-

flocculation (Spilling et al., 2011).  The salts of the culture medium precipitates at high 

pH, which acts as flocculants which reacts with the negatively charged surface of the 

microalgae and resulting in microalgae spontaneously forms flocs without the addition 

other chemicals thus allowing the re-use of the cultivation medium (González-Fernández 

and Ballesteros, 2013).  The microalgae species, culture density have been reported to 

have strong effect on the pH threshold and flocculation efficiency (Spilling et al., 2011).  

Auto-flocculation can be very efficient, after pH adjustment, more than 90% of 

microalgal biomass can be recovered after 10 min of settling (Chen et al., 2013).   

2.2.5 Electrolytic separation 

Electrolytic separation is achieved by applying electric currents to electrodes, 

which causes electrolytic oxidation at sacrificial anode, resulting in release of positively 

charged metal ions and generation of microbubbles at the anode and cathode (Gao et al., 

2010).  The metal ions attracts negatively charged microalgal cells to form flocs, which 

can be removed by sedimentation or float to the surface by microbubbles (A. K. Lee et al., 

2013).  It has been reported that 95-99.9% of microalgal biomass can be recovered with 

harvesting time of 5-10 min (Kim et al., 2012).  The efficacy of electrolytic separation 

process is influenced by factors such as electrode material type, distance between 

electrodes, current density, temperature, and suspension pH.  The main drawbacks of the 

electrolytic process the need to replace electrodes and the metal contamination in 

microalgal biomass (Wan et al., 2015).  It has been shown at least on a short term basis, 
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after harvesting the culture medium can be reused without negatively affect cell growth 

(Bleeke et al., 2015). 

2.2.6 Flotation 

While gravitational separation works well with heavy microalgal species, flotation 

is considered more favorable and effective than gravity sedimentation for harvesting 

small unicellular microalgae that had low settling velocity (Chung et al., 2000).  Flotation 

is a physiochemical gravity separation process in which gas bubbles are introduced at the 

bottom of a flotation tank, microalgal cells attach to gas bubbles as they pass through the 

microalgal suspension.  A layer of thickened slurry can be collected at the surface at the 

end of a flotation process (Al Hattab et al., 2015; Ndikubwimana et al., 2016).  Based on 

bubble generation method flotation can be grouped into dissolved air flotation, dispersed 

air flotation, and dispersed ozone flotation. 

Dissolved air flotation is the most studied flotation method for liquid-solid 

separation and have already been applied extensively in wastewater treatment, it has been 

found be effective for microalgae harvesting (Al-Zoubi et al., 2015; Q. Zhang et al., 

2014).  In dissolved air flotation, a compressor is used to supersaturate a water stream 

with air at pressure between 25-80 psi (0.17-0.55 MPa) for 0.5-3 min in a saturation tank.  

Then the water stream is fed into a reactor unit at atmospheric pressure, the 

decompression of pressurized water releases dissolved air and generates small bubbles 

with 10-80 μm in size.  The microalgal cells attach to the surface of the bubbles and rise 

to the surface along with the bubbles resulting in concentrated biomass foam, which can 

be removed as slurry (Chung et al., 2000; Gerardo et al., 2015).  The attachment of 

bubbles to microalgae cells depends on several factors including aggregate size, the 
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probability of collision and the probability of adhesion.  Typically, microalgae 

suspension is pre-treated with flocculants to increase the size of microalgal aggregates 

and neutralize the negative charge of both the microalgal cells and the bubbles.  Without 

flocculation, although microalgal cells are more likely to be lifted to the surface by 

bubbles due to high combined buoyancy, the ratio of microalgal cells to bubbles is too 

large to achieve high harvesting efficiencies.  When the size of microalgal flocs increases, 

the probability of flocs colliding bubbles increases.  However, when flocs become too 

large they are more likely to detach from the bubbles during ascension to the surface 

(Gerardo et al., 2015; X. Zhang et al., 2014).  Although dissolved air flotation is effective, 

air compressors are relatively energy intensive and the use of flocculants can increase 

downstream processing cost (Wiley et al., 2009). 

Dispersed air flotation also known as suspended air flotation is a method where 

non-pressurized air is directly injected into the flotation tank.  Large size bubbles with 

diameter between 700-1500 μm are generated by both air injection though a porous 

media and agitation with a high speed mechanical agitator (Wiley et al., 2009).  

Dispersed air flotation has fewer mechanical components, require less space and use less 

energy than dissolved air flotation.  Cationic surfactants are often used in dispersed air 

flotation to improve the process efficiency.  It was found that cationic surfactants play a 

role in increasing aeration rates, reducing the size of bubbles, avoiding bubble rupture by 

increasing the integrity of the bubbles, and increasing the hydrophobicity of the 

microalgal cells (Chen et al., 1998; Show et al., 2013). 

Dispersed ozone flotation uses ozone bubbles to harvest microalgae.  Ozone is a 

powerful oxidizing agent, which can cause lysis of cells and releases biopolymers.  These 
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biopolymers act as flocculants and enhance the separation method.  It has been found that 

dispersed ozone flotation produced effective microalgae separation while flotation with 

air and pure oxygen did not (Cheng et al., 2011, 2010).  A disadvantage of dispersed 

ozone flotation is that is an expensive process (Pragya et al., 2013). 

2.2.7 Magnetic separation 

 Naked magnetic nanoparticles or modified magnetic nanoparticle composites can 

be used to flocculate negatively charged microalgal cells by electrostatic interaction and 

microalgal cells can then be separated from the culture medium by an external magnetic 

field.  It has been reported that Fe3O4 magnetic nanoparticle composites can recover more 

than 95% of microalgal cells with harvesting time of 2-5 min (Wang et al., 2016).  The 

harvesting efficiency is dependent on adsorption of microalgae cells to the magnetic 

nanoparticle, while adsorption is affected by the stirring speed, magnetic nanoparticle 

concentration and suspension pH.  The magnetic nanoparticles can be expensive to 

produce, although they can be regenerated and reused to achieve similar efficiency 

additional process have to be made to separate nanomaterials from microalgal cells (Xu 

et al., 2011).  It has been show that after harvesting, culture medium can be reused for 

microalgal culture without adverse effect on cell growth (K. Lee et al., 2013). 

2.3 Dehydration techniques 

In addition to dewatering by harvesting, further dehydration of the microalgae 

slurry may be required for lipid extraction or other further processing.  The separation of 

microalgae from the bulk culture solution usually results in a slurry with 5-15% of 

biomass dry weight, the harvested microalgal biomass is susceptible to spoil in only a 
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few hours in a hot climate if not promptly dehydrated or processed (Brennan and Owende, 

2010; Mata et al., 2010).  Mechanical lipid extraction require microalgae biomass to be 

bone dry for efficient extraction, while solvent extraction of wet microalgal biomass is 

less effective than the extraction of dry microalgal biomass.  However producing 

microalgal biomass with water content lower than 70-90% would significantly increase 

the energy input, which may account for 70-75% of the total processing cost (Amaro et 

al., 2011; Show et al., 2015).  The selection of microalgae drying method depends on the 

scale of operation and the intended use for the dried biomass.  Main microalgae 

dehydration methods include sun drying, spray drying, drum drying, and freeze drying. 

2.3.1 Sun drying 

Sun drying is the natural evaporation of water accomplished by direct solar 

radiation exposure.  It is one of the oldest methods for food preservation and still used 

today in remote areas where modern forms of energy are scarce.  Since solar radiation is 

uncontrollable and unpredictable, the process is highly dependent on the weather.  Direct 

sun radiation can cause overheating of biomass and change the quality and texture of the 

final microalgal product (Show et al., 2013).  Sun drying is the least expensive 

microalgae dehydration method, but it requires long drying times, large drying surfaces, a 

dry climate and the risk of material loss (Milano et al., 2016).   

2.3.2 Spray drying 

Spray drying is a method of producing dry powder from a liquid by rapidly drying 

with hot gas.  Microalgal biomass slurry is dispersed by an atomizer, to form small sized 

droplets, downward into a vertical drying chamber with hot gas either passed down as a 
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co-current or flows against as a counter current.  The objective is to produce a spray of 

high surface to mass droplets, which upon contact enables the hot gas to uniformly and 

quickly evaporate the water.  Although complete drying can occur within a few seconds, 

spray drying is still an energy intensive process (Show et al., 2015).  It is suggested that 

the high operating cost associated it with spray drying means it is not economically 

feasible for low value products such as microalgal lipids (Munir et al., 2013). 

2.3.3 Drum drying 

Drum drying is quite common in the food industry.  Microalgal biomass slurry is 

applied onto the surface of a heated rotating horizontal drum.  The heating source is 

usually an indirect contact with hot gas or an electrically heated drum.  The microalgae 

cells are only heated for a few seconds and then the dried algae are removed by side 

blades.  Because of the short retention time at high temperature, virtually no heat damage 

will occur.  The problems with the drum drying are the difficulty in uniform distribution 

of the microalgal biomass, and the cost associated with frequent polishing of the drums 

and sharpening of the blades.  Drum drying also requires high costs for capital investment 

and large amounts of energy consumption at a relatively low thermal efficiency (Becker, 

1994). 

2.3.4 Freeze-drying 

Freeze-drying is a gentle drying process, because it leaves almost all the 

constituents of microalgae in their original composition.  First, the microalgal biomass 

slurry is frozen at atmospheric pressure, and then the pressure is lowered to nearly 

vacuum.  At this pressure, ice goes through sublimation and is removed from the slurry.  
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Freeze-drying has been widely used for drying microalgae in research laboratories, 

however, it is too expensive and slow to use in large scale microalgae dehydration 

processes (Guldhe et al., 2014).   

2.4 Extraction techniques 

The feedstock for microalgal lipid extraction can be either dry microalgal biomass, 

usually with less than 15% water content, or wet concentrated microalgal biomass, 

usually with more than 70% water content.  Most of ongoing research and development 

are focused on lipid extraction from wet concentrated microalgal biomass as a feedstock 

since it would avoid the requirement for expensive biomass dehydration processes (B. H. 

J. Yap et al., 2014).   

One of the major challenges of wet microalgal lipid extraction is low extraction 

yield due to the water in wet biomass forming a barrier around the cells, limiting the 

ability for nonpolar organic solvents to make contact with the cell wall.  In addition to the 

difficulties caused by the presence of water, microalgal cells have a tough wall that is 

also resilient to environmental changes.  It has been suggested that the appropriate cell 

wall disruption is the key to increase the efficiency of microalgal lipid extraction.  

Therefore, microalgal lipid extraction is usually performed using organic solvent methods 

in combination with a cell wall disruption method for improved lipid yield.  Cell wall 

disruption can be achieved by a range of techniques including: expeller pressing, 

homogenization, bead milling, microwave radiation, ultrasonic disruption, osmotic shock, 

chemical pretreatment, and enzymatic treatment.  There are also lipid extraction methods 

that can potentially replace traditional organic solvent extractions, such as supercritical 
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fluid extraction, ionic fluid extraction, simultaneous extraction and transesterification, 

and hydrothermal liquefaction. 

Lipid extraction is still a huge challenge for biofuel production from microalgal 

biomass.  The processes are either overly energy intensive or require expensive 

equipment, most possible viable processes are still limited to small-scale trials.  A lipid 

extraction method with low energy cost and initial capital investment requirements that it 

be easily scalable is desperately needed.  Several methods for lipid extraction from 

microalgae are currently under investigation at the laboratory scale but solvent extraction 

appears to be, so far, the only viable way for performing lipid extraction at the industrial 

scale (Chisti, 2007). 

2.4.1 Conventional organic solvent extraction 

Organic solvent extractions use an organic solvent or a mixture of organic 

solvents to simultaneously disrupt cell wall and extract lipids from microalgal biomass.  

Although the exact mechanism of solvent extraction is not well understood (Show et al., 

2015), a probable mechanism was proposed by Halim et al (Halim et al., 2012a).  A 

schematic diagram of the proposed organic solvent extraction mechanism is shown in 

Figure 2.3.  The organic solvents form a static film surrounding the cells and diffuse 

through the cell walls into the cytoplasm.  The solvent binds with the nonpolar lipids 

through van der Waals attraction to form organic solvent-lipids complexes.  Driven by 

the concentration gradient, the complexes diffuse across the cell wall towards the bulk 

organic solvents where they can be collected for further processing.  However, some 

nonpolar lipids form complexes with polar lipids within the cytoplasm and are bonded to 
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the proteins in the cell membrane via strong hydrogen bonds.  The van der Waals 

interaction between non-polar lipids and non-polar solvents are too weak to disrupt these 

bindings, therefore polar organic solvents are used to form hydrogen bonds with the polar 

lipids to break apart the lipid-protein binding (Halim et al., 2012a). 

Common solvents used for microalgal lipid extraction include hexane, chloroform, 

acetone, and cyclohexane.  It is also very popular to use a combination of polar and non-

polar organic solvents to extract both polar and non-polar lipids.  The rate of lipid 

extraction during organic solvent extraction of microalgal biomass is limited by lipid 

concentration gradient between the algal cells and the organic solvent (Halim et al., 2012).  

The organic solvent extraction methods are Soxhlet extraction, Folch extraction, and 

Bligh and Dyer extraction. 
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Figure 2.3 Schematic drawing of the purposed mechanism of organic solvent extraction 

of lipids from microalgae (Halim et al., 2012a). 
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2.4.1.1 Soxhlet extraction 

Soxhlet extraction extracts lipids from microalgal biomass by using a Soxhlet 

extractor to achieve repeated washing of microalgal biomass with extracting organic 

solvents under reflux.  A Soxhlet extractor consists of five main components: a glass 

thimble with fritted disc bottom that holds microalgal biomass, a container that stores 

organic solvents, a heater that boils the solvent, a continuously cooled condenser that 

collects solvent to the thimble, and a siphon that periodically unloads the solvent from the 

thimble back into the solvent container.  The Soxhlet extractor significantly improves 

mass transfer kinetics by avoiding equilibrium limitation.  During each cycle, the thimble 

is replenished with fresh solvent and the solvent extracts a portion of the microalgal lipid.  

However, Soxhlet extraction is a time consuming and energy intensive process, it can 

take several hours of continuous distillation for complete extraction of lipids 

(Balasubramanian et al., 2011; Ramluckan et al., 2014). 

2.4.1.2 Folch extraction 

The Folch method is a classical solvent extraction method that uses a co-solvent 

system to extract lipids from biological materials.  It was originally developed to extract 

total lipids from brain tissues and was considered a major contribution to the field of lipid 

biochemistry because there was no simple and effective way to quantitatively isolate 

lipids from biological tissue samples prior to its invention (Eggers and Schwudke, 2016).  

The method uses a mixture of chloroform, a non-polar solvent, and methanol, a polar 

solvent, in 2 to 1 ratio to extract the lipids from dry microalgae.  The solvent to biomass 

ratio is recommended at 20:1 (v/v).  The suspension is homogenized and followed by 
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washing with water.  The lower organic layer containing the lipids is removed and 

evaporated to dryness (FOLCH et al., 1957, 1951). 

2.4.1.3 Bligh and Dyer extraction 

 The Bligh and Dyer method is variation of the Folch method.  It is popular 

reference method in the literature for extraction of total lipids from microalgal biomass.  

The Bligh and Dyer method uses a monophasic ternary system of 

chloroform:methanol:water in 1:2:0.8 (v/v/v) ratio to extract lipids from biological 

samples already containing water.  After homogenization, the system is converted to a 

biphasic solution by dilution with additional chloroform and water to achieve ratio of 

2:2:1.8 (v/v/v) yielding a chloroform layer containing lipids and an aqueous layer 

containing methanol and microalgae debris (Bligh and Dyer, 1959).  The Bligh and Dyer 

method differs from the Folch method as it took into account the water content in the 

biological samples and reduced the volume of solvent to sample ratio. 

The Folch method and the Bligh and Dyer method are the most commonly used 

method for laboratory-scale organic solvent extraction of microalgal lipids.  Even though 

they are quite effective, the use of chloroform, a toxic solvent, causes adverse health and 

environmental hazards.  An alternative organic solvent method that is more 

environmental friendly is needed for scale up. 
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2.4.2 Disruption methods 

2.4.2.1 Expeller pressing 

Expeller pressing uses a screw type machine that generates friction and 

continuous pressure from the screw drives to move and mechanically crush the 

microalgal biomass and squeeze out the lipid contents.  Expeller pressing requires 

microalgal biomass with very low water content as feedstock, which demands energy 

intensive dehydration processes.  The efficiency of expeller pressing extraction is low 

and is often used in conjunction with organic solvent extraction to achieve high 

efficiencies.  A conventional screw expeller has been shown to recover 75% of the oil 

from atmospheric dried algae without any organic solvents (Munir et al., 2013; Topare et 

al., 2011). 

2.4.2.2 Homogenization 

Homogenization involves using pumps to force microalgal biomass slurry through 

a nozzle at high velocity; the rapid pressure change combined with high liquid shear can 

rupture cell walls.  An attractive advantage of homogenization is the relative ease of 

process large volume of feedstock, but it requires expensive high-pressure equipment and 

high energy input (B. H. J. Yap et al., 2014).  Furthermore, it is difficult to achieve cell 

wall disruption at pressure below 10000 psi (70 MPa).  To achieve high rate of cell 

rupture requires multiple passes through the nozzle using a homogenizer capable of 

producing pressure of at least 30000 psi (200 MPa) (Samarasinghe et al., 2012). 
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2.4.2.3 Bead milling 

Bead milling is a wet grinding technique, which involves high-speed rotation of 

microalgal biomass slurry with small beads in a vessel.  Microalgal cells are disrupted by 

the impact of high velocity grinding and colliding between the beads and the cells.  

Although energy intensive microalgae dehydration process is not required for bead 

milling, the process of agitating beads at high speed requires high-energy input (Munir et 

al., 2013; Ranjith Kumar et al., 2015).  Furthermore, less than 1% of the energy 

introduced can be used for cell disruption, and most of the energy is dissipated as 

convective heat.  The heating of biomass slurry can be a problem, a cooling jacket is 

needed to prevent heat sensitive microalgal lipids from degradation (Schütte and Kula, 

1990). 

2.4.2.4 Microwave assisted extraction 

 Microwave assisted extraction uses electromagnetic radiation as a non-contact 

heat source to penetrate microalgal cells.  Microwave radiation induces polar molecules 

in the cells to rotate and rapidly produce thermal energy, which produces high pressure 

from within resulting damages to the cell wall (Kim et al., 2013).  Under the same 

microwave power output, microalgal suspension had higher temperature increase than 

that of plain water, which indicates that microalgae is preferentially heated due to its 

lower heat capacity (McMillan et al., 2013).  Besides the more selective heating, higher 

lipid yield with better fatty acid composition and reduction in extraction time are the 

main advantages of microwave assisted extraction (Dejoye et al., 2011).   
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2.4.2.5 Ultrasonic disruption 

Ultrasonic disruption involves applying ultrasonic energy to microalgal slurry.  

Ultrasonic waves cause the rapid nucleation and collapse of microbubble in liquid 

medium.  The violent implosion of the microbubbles creates extreme localized heat shock 

waves that disrupt cell walls and release lipid contents (Adam et al., 2012).  Although 

ultrasonic disruption is effective in improving extraction efficiency in small quantities, it 

can be difficult to apply to large-scale operations as high probe density and high output 

power in large sized sonication probes are needed for good performance (Show et al., 

2015). 

2.4.2.6 Osmotic shock 

Osmotic shock disrupts the microalgal cell walls through the sudden change in the 

solute concentration of the liquid medium, which disturbs the balance of osmotic pressure 

between the inside and the outside of the cells.  The rapid movement of water to equalize 

solute concentration causes cell damage, releasing the intracellular components (Kim et 

al., 2013).  The solute used  is usually sodium chloride between 5-15% (w/v), but other 

salts, substrates, and neutral polymers can also be used (Show et al., 2015).  Osmotic 

shock is a simple method that can achieve similar results to that of other disruption 

methods, but it requires long extraction times often range from 24-48 hours, (Lee et al., 

2010; Rakesh et al., 2015). 

2.4.2.7 Chemical pretreatment 

Chemical pretreatment process has been proven successful in disrupting the cell 

wall of various species of biomass.  Although sulfuric acid pretreatment is the most 
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studied method, other acids (hydrochloric acid and nitrous acid), alkaline (lime and 

sodium hydroxide), and oxidizing agent (H2O2) have all been shown to have promising 

results (Bai et al., 2014; Esteghlalian et al., 1997; Harun et al., 2011; Harun and Danquah, 

2011; Kim and Lee, 2002; Laurens et al., 2015; Steriti et al., 2014).  Acids can induce 

hydrolysis of the cell wall, but it generally requires high temperature and short reaction 

time or room temperature and long reaction time (48-60 hours) (Bai et al., 2014; Laurens 

et al., 2015).  Pretreatment with H2O2 at room temperature with short reaction time has 

shown to be effective, can cause lipid degradation if pretreatment time is too long (Steriti 

et al., 2014). 

2.4.2.8 Enzymatic extraction 

Enzymes can improve the extraction yield by selectively hydrolyzing microalgal 

cell walls while preserving the intracellular lipids contents (Cho et al., 2013).  Enzymatic 

cell wall degradation is not widely practiced in industry due to its high production cost 

(Sander and Murthy, 2009).  Enzymes usually cannot be easily recovered.  Although 

enzymes can be immobilized on inert surfaces for recovery, the enzymatic activity is 

significantly reduced after recycling (Kim et al., 2013). 

2.4.3 Supercritical fluid extraction 

Supercritical fluid extraction is a promising green technology that can potentially 

replace traditional organic solvents extractions.  The extraction fluid exhibits properties 

of both liquid and gas that allows rapid penetration into biomass when the temperature 

and pressure are raised above their critical values.  Manipulating the temperature and 

pressure of the fluid can change its solvating power and selectively extract the material of 
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interest (Halim et al., 2012a).  Carbon dioxide (CO2) is the most common supercritical 

fluid used, as it is non-toxic, non-flammable and relatively chemically inert, although 

methanol and ethanol can also be used alone or as a co-solvent (Ólafsson, 2013).  CO2 in 

supercritical state can extract and dissolve the lipids from microalgal biomass.  When the 

mixture is depressurized, CO2 evaporates as gas and the microalgal lipids precipitate into 

a solvent free crude lipid fraction.  CO2 has a critical point of 31.1
o
C at 7.38 MPa, due to 

its low critical temperature, thermal degradation of the products is not observed (Halim et 

al., 2012a; Mubarak et al., 2015). 

2.4.4 Ionic liquid extraction 

Ionic liquids are organic salts that melt into liquid form at below 100
o
C.  The salts 

are made up of an organic cation and an inorganic or organic anion (Liu et al., 2012).  

Hydrophilic ionic liquids have been shown to effectively disrupt microalgal cell wall and 

improve the lipid extraction efficiency(Pan et al., 2016).  They are recognized as greener 

solvent due to their negligible vapor pressure and high thermally stability.  Although the 

viscosity and solvating ability of ionic liquid can be easily modified, they are expensive 

to synthesize, the profitability is still debatable (Kim et al., 2013; Pragya et al., 2013). 

2.4.5 Simultaneous extraction and transesterification 

 Extraction and transesterification are two separate processes in conventional 

methods of producing microalgal biofuel.  An alternative processing method termed 

simultaneous extraction and transesterification, also known as in-situ transesterification 

or direct transesterification, was developed in recent years.  Microalgal lipid extraction by 

alcohol and transesterification occur simultaneously, and biodiesel is produced in one 


